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Abstract Lipases (EC 3.1.1.3) have received increased
attention recently, evidenced by the increasing amount
of information about lipases in the current literature.
The renewed interest in this enzyme class is due pri-
marily to investigations of their role in pathogenesis
and their increasing use in biotechnological applica-
tions [38]. Also, many microbial lipases are available as
commercial products, the majority of which are used in
detergents, cosmetic production, food flavoring, and
organic synthesis. Lipases are valued biocatalysts be-
cause they act under mild conditions, are highly stable
in organic solvents, show broad substrate specificity,
and usually show high regio- and/or stereo-selectivity
in catalysis. A number of lipolytic strains of Acineto-
bacter have been isolated from a variety of sources and
their lipases possess many biochemical properties sim-
ilar to those that have been developed for biotechno-
logical applications. This review discusses the biology
of lipase expression in Acinetobacter, with emphasis on
those aspects relevant to potential biotechnology
applications.
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Introduction

Lipases (EC 3.1.1.3) are best defined as carboxyles-
terases that catalyze both the hydrolysis and synthesis
of long-chain acylglycerols [38]. True lipidic substrates
are insoluble in water, and lipases commonly show
activation upon contact with substrate micelles or
emulsions, although they may also hydrolyze more
soluble acylglycerols or monoester substrates. Micro-
bial lipases have been studied for their role in viru-
lence and their applications in biotechnology. Lipases
are attractive biocatalysts because they act under
extremely mild conditions, are stable in organic sol-
vents, show low substrate specificity, and exhibit high
regio- and/or enantioselectivity [35]. Their use in chiral
synthesis of various pharmaceuticals and agrochemi-
cals is growing, as is their penetration into detergent
and food commodity markets. Lipases also serve as
model catalysts to develop strategies for enhancing
substrate enantioselectivity via directed evolution
[36, 38, 39]. This versatility enhances the possibility of
success in further development of existing technolo-
gies, as well as offering excellent promise for discov-
eries with novel applications.

Acinetobacter is a strictly aerobic, Gram-negative
coccobacillus that is ubiquitous in geographical distri-
bution. The genus is best known for its capacity for
bioremediation of alkanes and aromatic hydrocarbons,
as well as production of high molecular weight hetero-
polysaccharides that act as powerful emulsifiers, many
with high commercial potential [41, 62, 69]. Acineto-
bacter strains have also been identified as causative
agents of nosocomial infections [63]. They are easily
isolated and many of them have been found to secrete
esterolytic enzymes. However, description of these cat-
alysts and their development as industrial biocatalysts
has lagged behind that of Pseudomonas/Burkholderia
lipases, despite having been isolated from the same
environment. This may be because the latter were the
first to be studied, but also may be a result of the con-

E. A. Snellman Æ R. R. Colwell
Center of Marine Biotechnology, University of Maryland
Biotechnology Institute, Baltimore, MD 21202, USA

Present address: E. A. Snellman
HQ USAFA/DFB, 2355 Faculty Drive, USAF Academy,
Suite 2P389, CO 80840-6226, USA

Present address: R. R. Colwell (&)
Center of Bioinformatics and Computational Biology,
University of Maryland, College Park,
College Park, MD 20742, USA
E-mail: colwell@umbi.umd.edu
Tel.: +1-301-4059550
Fax: +1-301-3146654

J Ind Microbiol Biotechnol (2004) 31: 391–400
DOI 10.1007/s10295-004-0167-0



fusing history of Acinetobacter taxonomy [29]. Never-
theless, interest in Acinetobacter lipases has increased
recently, with the growth of the enzyme industry and the
concomitant widening search for novel enzymes and
applications. Here, we review the literature on Acineto-
bacter lipases, with emphasis on their biotechnological
importance.

Occurrence of lipolytic strains

Lipolytic strains of Acinetobacter have been isolated
from a variety of substrates, including human skin, dairy
and other food products, in addition to diverse soil and
water habitats, both pristine and highly polluted
(Table 1). Clinical strains are often lipolytic, causing
severe nosocomial infections in neonates and immuno-
compromised patients [24, 33, 63]. The lipase activity,
exopolysaccharide production, and cell surface hydro-
phobicity of hospital isolates may play an important role
in their virulence [4, 32]. Lipase production by psy-
chrophilic bacterial strains (predominantly pseudomo-
nads) isolated from preprocessed dairy products have
been found to be the cause of souring or spoilage of
these foods during storage [18, 19].

Lipolytic strains are also commonly isolated, along
with pseudomonads, from waste water effluents and
sewage, where they may be continually exposed to
petroleum pollutants and xenobiotic compounds [1]. In
such environs, lipase activity has been correlated with
hydrocarbon utilization [72]. This situation is paradox-
ical because hydrocarbons are nonlipase substrates and
their degradation does not require lipase activity [47].
Moreover, some alkanes, such as hexadecane, have been

shown to repress lipase expression (measured as
b-galactosidase activity in a lipA::lacZ fusion strain)
[47]. Thus, the explanation for lipase production by
Acinetobacter strains in the presence of alkanes remains
elusive and requires further study.

Biochemical properties

Following the classification proposed by Arpigny and
Jaeger [3], lipases produced by Acinetobacter spp. are
true lipases belonging to subfamily I.1. They share many
biochemical properties with other Pseudomonas/Burk-
holderia group lipases that have been described, includ-
ing Pseudomonas aeruginosa [27], Pseudomonas fragi [2],
Proteus vulgaris [42], and Burkholderia cepacia [40].
Molecular mass reports vary (Table 2), but DNA se-
quence data [45, 77] predict mature proteins approxi-
mating 32 kDa, characteristic of the family [3]. Most are
highly hydrophobic in nature, even in comparison with
other bacterial lipases, as evidenced by the number of
purification and recovery methods that exploit this
characteristic [10, 31, 45, 52, 75, 84].

Many Acinetobacter lipases show stability and max-
imum activity at alkaline pH, a useful characteristic in
detergent applications (Table 2). High pH optima re-
ported in studies of lipase A1 from A. radioresistens
stimulated exploration of technologies designed to en-
hance production and yield that would be appropriate
for large-scale production required in such applications
[16, 51, 52]. Activity at acidic pH (ca. pH 5.0) is minimal
[31, 45, 75], presumably due to titration of the active site
histidine. Incubation at lower pH results in inactivation,
which Lang et al. [49] attributes to loss of Ca2+ via
titration of its coordinating residues. In addition, these
lipases demonstrate broad substrate specificity typical of
microbial lipases that have been shown to be useful in
attacking mixed fat stains. Specificity toward short [30],
medium [66, 75], and long [31, 45] fatty acid monoesters
(p-nitrophenyl), and even benzoyl esters [60], has been
reported.

A near universal property of Acinetobacter lipases is
the positive effect of Ca2+ on enzyme stabilization and
activity (Table 2), most probably a function of the
Ca2+-binding pocket [45, 77], leading to correct
active-site configuration [49]. Calcium binding has been
demonstrated in crystallized P. aeruginosa lipase, the
subfamily prototype enzyme [61]. Furthermore, analyses
of structural data from the closely related family I.2
clearly show a commonality of the Ca2+-binding [43, 49,
64, 74] and strongly suggest its conserved nature
throughout the family. The effect of Ca2+ may also be
attributed to interaction with the assay medium, pre-
cipitation of free fatty acids, or otherwise increased
enzyme access to the substrate [13, 27, 34, 53].

The effect of metals and inhibitors has been studied
with respect to suitability of lipases for industrial
application. Generally, incubation in the presence of
metals has little effect on lipase activity and most likely

Table 1 Occurrence and isolation of lipolytic Acinetobacter strains

Strain Source Description Reference

Various Freshwater
(polluted)

Mesophilic/
psychrophilic

[9]

O16/O4 Freshwater Psychrophilic/
mesophilic

[11, 12]

69 V Unknown [23]
SY1, IB2,
BO2

Activated
sludge

[15]

BD413 Soil Produces high
MW bioemulsifier

[41, 44]

RAG-1 Seawater Produces high
MW bioemulsifier

[50, 69]

OPA 55 Olive oil [56]
AAAC323-1 Soil BD413 derivative [10]
CMC-1 Soil Produces high

MW bioemulsifier
[31]

LP009 Raw milk Psychrotrophic [21]
KM109 Soil [60]
16265 Clinical [32]
Strain No. 6 Soil Psychrotrophic [78]
Various (50) Clinical [33]
SY-01 Water sludge [30]
Various Oil-contaminated

soils
[55]
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depends on specific reaction conditions, rather than
general properties of the enzyme. Incubation in the
presence of EDTA demonstrated a variable dependence
on Ca2+ for activity, i.e., 70% loss in activity occurred
8 h post incubation with the chelator [10]. Addition of
Ca2+ after exposure to EDTA resulted in reactivation of
Lip009, presumably by stimulating refolding of the
enzyme [66]. However, other investigators have found
no ‘‘rescue effect’’ of Ca2+ incubation post exposure to
EDTA [75]. These seemingly contradictory findings
suggest that Ca2+ may be required for prolipase folding,
in addition to activity of the mature lipase. Addition of
phenylmethylsulfonylfluoride (PMSF) to lipase prepa-
rations also yielded mixed results [21, 31, 75].
Dharmsthiti et al. [21] hypothesized that the deeply re-
cessed nature of the active site serine imparts resistance
to serine hydrolase inhibitor. Incubation of purified
enzymes in the presence of reducing agents [2-mercap-
toethanol, dithiothreitol (DTT)] resulted in activity that
was not dependent upon intact disulfide linkage [21, 31,
75]. Since the presence of disulfide bridges has been
confirmed in related crystallized proteins, these results
suggest a more important role in the interaction with
their cognate lipase-specific foldase, or Lif, during
folding and export. It is quite plausible that, during
purification, lipases aggregate with various cellular
materials, i.e., emulsifying agents, lipopolysaccharides
(LPS), or other materials that confer protection from
potential inhibitors [12, 75, 76].

Stability in the presence of organic solvents is a req-
uisite property of enzymes used in organic synthesis in

non-aqueous systems. Acinetobacter lipases appear to be
ideally suited for such syntheses since many lipolytic
strains have been isolated from petroleum-polluted
environments [9, 31, 69, 83]. Incubation of purified A1

lipase in either 40% (v/v) dimethylsulfoxide (DMSO) or
20% (v/v) dimethylformamide (DMF) greatly increased
activity (140% in DMSO) [31], leading to the proposal
that solvents act to decrease enzyme aggregation, modify
the substrate-water interface, or convey positive con-
formational changes. However, storage of Lip009 in
solvents for 24 h (4�C) resulted in significant deactiva-
tion [21]. In contrast, lyophilized RAG-1 preparations
retained significant enzyme activity in non-polar sol-
vents, presumably because of the increased rigidity of
the molecule [75].

Expression, regulation and secretion

Lipases belonging to subfamilies I.1 and I.2 are encoded
in an operon together with their cognate Lif chaperone.
The lif chaperone is usually encoded downstream from
the structural gene, with the exception of A. calcoaceti-
cus BD413, where the reverse occurs [46]. Co-expression
of lipase genes (lip) with their cognate foldases is
required for secretion of the mature lipase.

Mechanisms regulating lipase expression in Acineto-
bacter have been described only in strain BD413 and its
derivatives. Expression of the lipase structural gene
(lipA), measured in a BD413-derived lacZ transcrip-
tional reporter, was found to be repressed by long-chain

Table 2 Biochemical properties of purified Acinetobacter lipases. LCFA Long chain fatty acids, DMSO dimethylsulfoxide, DMF dim-
ethylformamide

Strain MW
(kDa)

Cloned pH optimum/
stability

Temperature
optimum (�C)

Inhibitors Description Reference

A. calcoaceticus
AAC323-1

NRa,b No Stabilized by Ca2+ [10]

A. calcoaceticus BD413 32 Yes 7.8–8.8/NR Specificity toward LCFA
esters; activity and yield
increased by Ca2+

[45]

A. radioresistens CMC-1 45 No 10.5/8–11 40 Zn2+, PMSF Alkaline lipase; specificity
toward LCFA esters;
activity increased
by DMSO and DMF

[17, 31]

Acinetobacter
nov. sp. KM109.

62 No 8/6–8 45 Hydrolyzes benzoate esters [60]

A. calcoaceticus LP009 23 Yes 7/4–8 50 EDTA, acetonitrile Activity restored by Ca2+ [21, 66]
Acinetobacter sp. O16 ‡200 No 7.5/NR 35 Purified as high MW

aggregate; activity increased
by Ca2+

[11, 12]

Acinetobacter sp. RAG-1 33 Yes 9/6–9 55 EDTA, pyridine Specificity toward C6, C8

fatty acid esters
of p-nitrophenyl, stabilized
by Ca2+

[75]

Acinetobacter sp. SY-01 43.8c Yes 10/9–11 50 Enantioselective; specificity
toward C2–C6 fatty acid
esters of p-nitrophenyl,
activity increased by Ca2+

[30]

aNot reported
bDerivative of BD413, MW assumed to be 32 kDa
cContained 40 amino acid signal sequence

393



fatty acids (LCFA) released in triolein degradation [47].
The mechanism proposed to explain this phenomenon
was mediation of lipA expression via an unidentified
fatty acid-acyl-responsive DNA binding protein acti-
vated when free fatty acids were bound [47]. Oleic acid
used as a sole carbon source was found to have a sig-
nificantly negative effect upon lipA transcription over
the entire concentration range (0–10 mM) tested [54].
Lipase repression by fatty acids has also been reported
in P. aeruginosa [28]. Growth on hexadecane may re-
press lipase expression [47]. A. calcoaceticus BD413
showed strong induction of lipase activity only upon
cessation of growth on hexadecane, suggesting that
hexadecane, or one of its degradation intermediates,
represses lipA expression [47].

A transcriptional lipA :: lacZ fusion was also used by
Nudel et al. [65] to study the effect of iron limitation on
lipase production in BD413. They observed that iron-
starved cells grown in minimal medium showed a slight
decrease in lipA-lacZ transcription, whereas addition of
tryptone (1%) resulted in a 4-fold increase in exocellular
lipase activity. These findings indicate regulation of
extracellular lipase activity by iron occurs post tran-
scription of the structural gene [65].

Regulation of BD413 extracellular lipase activity also
occurs through proteolytic degradation [47]. Rapid
deactivation of lipase activity in cell-free extracts of N-
broth cultures occurred 90 min after the culture reached
stationary phase [44, 47]. Degradation of the lipase
protein was confirmed by immunodetection and attrib-
uted to the presence of an endogenous serine protease
[47]. A rapid decrease in lipase activity, with cessation of
exponential growth, was reported in strain RAG-1
grown on minimal medium supplemented with various
triglycerides [75]. However, enzyme stability was signif-
icantly increased in both strains when the production
medium contained hexadecane as the sole carbon source
[47, 75]. Protection from proteolysis may be conferred
when the lipase is associated with hexadecane micelles
[47].

Secretion of microbial lipases belonging to subfami-
lies I.1/I.2 takes place via the two-step, type II secretion
pathway [81]. The prolipase is transported across the
cytoplasmic membrane by Sec proteins in a signal-
dependent manner, followed by secretion through the
outer membrane via Xcp protein machinery [81].
Absence of Xcp-like protein complexes in Escherichia
coli prevents cloning and expression in that system
[30, 45, 77]. Efficient lipase expression has been dem-
onstrated in other hosts, including Aeromonas sobria [21]
and Bacillus subtilis 168 [30].

Barbaro et al. [6] observed that a rapid reduction in
growth temperature (25–5�C), i.e., in ‘‘cold shocked’’
Acinetobacter sp. HH1-1 cells, resulted in decreased li-
pase export to the supernatant phase. This finding was
explained by alteration of membrane export proteins,
accompanied by decreased membrane fluidity caused by
the cold shock [5, 6]. However, production of extracel-
lular lipase can be increased by addition of polysac-

charides, such as gum arabic, to the growth medium.
Lipase yields from A. cacoaceticus BD413 cultures were
improved up to5-fold in minimal medium containing
lactic acid and gum arabic, compared to those grown in
lactic acid alone [54]. Polysaccharides may aid in lipase
secretion by freeing cell-bound molecules accumulated
at the cell surface [54, 86].

Expression of a mature lipase requires Lif accessory
protein activity [37] and Dsb general folding catalytic
activity [59]. Lifs contain hydrophobic N-terminal se-
quences that anchor the foldase to the cytoplasmic
membrane, whereas the hydrophilic C-terminus pro-
trudes into the periplasm. Interaction between lipases
and their cognate Lifs appears to be specific. El Khattabi
et al. [22] observed that E. coli DH5a expressing
P. aeruginosa or Burkholderia glumae lipA with
non-cognate lifs did not produce active lipase. Further,
co-expression of P. aeruginosa lif and A. calcoaceticus
lipA failed to produce lipase activity in the same host
[22]. Although Lif helper proteins are believed to be
required by lipolytic Acinetobacter strains, such a
requirement has been demonstrated only for strains
RAG-1 and BD413 [46, 77].

Sequence comparisons of lipase subfamilies I.1 and I.2

The phylogenetic tree predicted from multiple sequence
alignment of prolipases belonging to subfamilies I.1
and I.2 supports division of this family based on con-
served sequence motifs and biochemical properties [3]
(Fig. 1). However, Fig. 1 shows subfamily I.1 can be
further divided into three clades. For consistency with
past nomenclature, the first is named the ‘‘P. aerugin-
osa’’ clade, a designation used by Gilbert [26] and
Jaeger et al. [37]. Its members have greater than 60%
amino acid (aa) identity and include lipases from
Pseudomonas sp. 109, Pseudomonas aeruginosa PAO1,
Pseudomonas pseudoalcaligenes M—1 and Vibrio
cholerae. The second group, originally named the
Pseudomonas fragi family by Svendsen et al. [79], also
includes lipases from Proteus vulgaris K80 and Pseu-
domonas fluorescens C9, having greater than 44% aa
identity. The last subgroup, the ‘‘Acinetobacter’’ clade,
contains lipases from Acinetobacter venetianus RAG-1,
Acinetobacter calcoaceticus BD413, and Acinetobacter
sp. SY-01 and shows over 45% aa identity per se-
quence pair. Recognition of an Acinetobacter subfamily
was first proposed by Sullivan et al. [77] based upon
deduced sequence comparisons of mature proteins and
is strongly supported by the results shown in Fig. 1.
Low sequence homologies internal to the latter two
clades indicate significant divergence within these two
groups. Within the Acinetobacter clade, divergence of
BD413 protein from the closely related RAG-1/SY-01
group (89% aa identity) is evident.

Figure 2 shows the alignment of deduced aa
sequences of lipases from subfamilies I.1 and I.2.
Structural features previously identified in the family

394



I.1 prototype lipase from P. aeruginosa (PAL)[61] and
I.2 lipases represented by B. glumae (BGL) [64] pro-
vide a frame of reference for sequence comparisons. In
describing the three-dimensional (3D) structure of
PAL, Nardini et al. [61] noted strong similarities to
homology family I.2 lipases (BGL) in core domains
but reported the absence of an anti-parallel b-sheet
following strand b7 (P. aeruginosa residues 226–243)
and helix a10, found in BGL (B. glumae residues 307–
310) and other family I.2 structures. Although a 3D
structure of an Acinetobacter lipase has not yet been
published, alignment results suggest Acinetobacter lip-
ases lack these same topological features.

The strongly conserved sequences in both groups are
those involved in enzyme stabilization and catalysis.
Amino acid comparisons show that residues involved in
Ca2+-binding, disulfide bond formation, the catalytic
Ser, Asp, and His residues, and the HG-dipeptide at the
oxyanion hole (P. aeruginosa residues 40–41) are
strongly conserved. Putative leader sequences, com-
prised of 20–26 hydrophobic residues, are also univer-
sally present. This finding is consistent with the
requirement for Sec export to the periplasm [67]. Again,
the strong sequence similarities among RAG-1, SY-01,
and BD413 lipases support the proposal of an Acineto-
bacter lipase clade [77].

Fermentation and recovery

The distinctive biochemical properties of Acinetobacter
lipases and microbial lipases in general must be consid-
ered in optimization of fermentation and recovery pro-
cesses. Enzyme characteristics that may affect activity,
stability, and yield under various fermentation condi-
tions include strong affinity toward organic-aqueous
interfaces, polymers, and solid adsorbents [51, 52, 58,
84], inactivation by various inhibitors or foaming [85],
and susceptibility to proteolytic degradation [47, 58, 85].
Optimized lipase production is further complicated by
choice of medium to include carbon source(s) [54],
addition of inert compounds and hydrophobic adsor-
bents [51, 58, 73, 84], detergents and emulsifiers [45, 47,
54, 58, 73] or fermentation mode (batch, semicontinu-
ous, or continuous) [51, 73, 85]. Low operational cost,
high efficiency, process simplicity, environmental
friendly productions are important considerations in
commercial operations.

Martinez and Nudel [58] examined the effectiveness
of several inert compounds on lipase secretion and sta-
bility in A. calcoaceticus whole cultures and cell-free
supernatants. They found addition of gum arabic, glass
beads, and Triton X-100 increased the release of lipase
from cells 30–50% but only b-cyclodextrin and gum
arabic maintained 100% lipase activity in cell-free ex-
tracts. They suggested cyclodextrin may function in
sequestration of protease(s), thus preventing lipase
degradation and increasing yield. Mahler et al. [54]
examined the effects of carbon source (oleic acid, lactic
acid) and its interaction with gum arabic in A. calco-
aceticus. They reported a 2- to 5-fold increase in total
lipase production in the presence of the polysaccharide.
Gum arabic may increase lipase production by enhanc-
ing mechanical liberation of the enzyme at the surface of
the cell but its removal may complicate downstream
processing [54, 73, 86].

Acinetobacter radioresistens produces an alkaline li-
pase especially well-suited to detergent applications [17,
31]. It serves as a model enzyme for studies focusing on
designing optimized scale-up, with emphasis on

Fig. 1 Phylogenetic tree predicted from sequence alignment of
prolipases from subfamilies I.1 and I.2. The rooted tree is derived
by MEGALIGN from Lasergene sequence analysis software
(DNASTAR, Madison, Wis.) with the following multiple
sequence parameters: Clustal W method; gap penalty, 10; gap
length penalty, 4. Sequence accession numbers and abbreviations:
Pseudomonas aeruginosa (P. aerug.), D50587; Pseudomonas nov.
sp. 109 (P. sp.109), P26877; P. aeruginosa PAO1 (P. aerug.
PAO1), P26876; Pseudomonas pseudoalcaligenes —1 (P. pseudo.
M1), A08195; Vibrio cholerae (V. cholerae), Y00557; Pseudomonas
fragi IFO-12049, X14033; Proteus vulgaris (Pr. vulg. K80),
U33845; Pseudomonas fluorescens C9 (P. fluor. C9), AF031226;
Acinetobacter venetianus RAG-1, (A. ven. RAG-1), AF047691;
Acinetobacter sp. SY-01 (A. sp. SY-01), AF518410; Acinetobacter
calcoaceticus BD413 (A. cal. BD413), X80800; Pseudomonas sp.
KWI-56 (P. sp. KWI-56), D10069; Burkholderia cepacia, M58494;
Pseudomonas luteola, AF050153; Burkholderia glumae (B. glumae),
AF70354
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improving production, separation, and recovery without
significant increases in cost. Lipase production by this
strain can be maximized when it is grown on n-hexade-

cane supplemented with olive oil [17]. Free fatty acids
released from olive oil hydrolysis aid in emulsifying the
hexadecane, thereby improving assimilation of the
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hydrocarbon. Moreover, association of fatty acids with
hexadecane emulsions apparently reduces their inhibi-
tory effect on lipase gene expression [17]. Further
improvement in enzyme production and recovery from
these carbon sources have been made by addition of
hydrophobic polypropylene powders [52] that promote
lipase adsorption and allow increased recovery in the
centrifugation step. This culture method provided other
advantages, in that it reduced foaming, provided higher
volumetric lipase production, and decreased substrate
consumption [52]. Increasing oxygen transfer by
increasing the agitation speed enhanced both lipase
production rate and maximum yield [16]. Furthermore,
production increases of 130% were achieved in tank
fermentors by attaching nylon fibers coated with
hydrophobic acrylic resin to tank baffles [73]. Under
these conditions, the lipase dissociates from the residual
n-hexadecane and is adsorbed by the fabric. Recovery
can be accomplished from the aqueous phase at 95% of
total activity [73].

The differential affinity of A. radioresistens lipase for
n-hexadecane-coated fabric with temperature was fur-
ther explored as a low cost strategy to enhance recovery
[84]. The lipase was adsorbed to hexadecane immobi-
lized on fabric in batch cultures at 25�C and effectively
desorbed from columns packed with fabric by lowering
the temperature to 4�C. Production optimization strat-
egies described for A. radioresistens may prove applica-
ble to large-scale production of other bacterial lipases
with similar hydrophobic properties and substrate uti-
lization of the producing strain. Most importantly, these
methods offer the potential for increased yields with very
little additional expense.

Potential for industrial applications

The demand for enzymes in the United States alone is
expected to surpass US $2.6 billion in 2004 and to grow
7% per annum through 2006 [25]. Lipases are forecast to
be the fastest growing enzyme class, fueled by new
applications in organic synthesis and pharmaceutical
production, and by expanded penetration into the
detergent industry [25]. The potential for many new
lipase applications has driven a wide ranging search for
novel enzymes [7, 57]. Studies of the structural basis of
enantioselectivity [48], engineering enzyme specificity
through directed evolution [8, 36], and improving tech-
nology to enhance production and yield [51, 52, 58] are
also being pursued vigorously. The primary focus is on

bacterial and fungal lipases because they are easier to
produce, modify by recombinant DNA technology, and
scale up for manufacturing applications. In this regard,
lipases produced by Pseudomonas spp. are well described
[26] and play a dominant role in industry. However,
lipolytic strains of Acinetobacter have received increased
attention as the search within the enzyme industry for
novel biocatalysts accelerates. Acinetobacter spp. are
also known for production of other potentially impor-
tant commercial products, notably bioemulsifiers [20]
and enzymes for bioremediation of hazardous wastes [1].

Interest in the biotechnological potential of lipases
stems largely from their capacity to catalyze highly
enantioselective biotransformations, both in aqueous
and organic media. High enantiopreference is especially
desired in the manufacture of pharmaceuticals or agro-
chemicals, when only one enantiomeric product (or
intermediate) is biologically active [80]. Directed evolu-
tion has emerged as a key technology for enhancement
of enzyme enantioselectivity and was first performed
using lipase from P. aeruginosa [35, 39, 68]. The exper-
imental strategy is to produce variant libraries of a wild-
type gene using random mutagenesis (e.g., error-prone
PCR, site saturation mutagenesis, DNA shuffling),
overexpression of mutant genes in a suitable host, fol-
lowed by screening for increased enantioselectivity [39].
The genes coding for enzymes demonstrating increased
chiral selectivity are then used for a repeated round(s) of
mutagenesis, expression, and screening. Using this
strategy, the hydrolytic kinetic resolution of 2-methyl-
decanoic acid p-nitrophenyl ester was increased from
2% enantiomeric excess (ee) for wild-type P. aeruginosa
lipase to 81% ee in a variant enzyme after only four
rounds of mutagenesis [35, 39].

Although many enantioselective reactions have been
described, large-scale industrial production of optically
pure fine chemicals by lipase-catalyzed reactions is in its
infancy, as evidenced by the relatively few examples that
have been described [38, 82]. Recently, a novel enan-
tioselective lipase (lipase A) from Acinetobacter sp. SY-
01 has been described [30]. This lipase was shown to
catalyze asymmetric hydrolysis of cis-(±)-2-(bromom-
ethyl)-2-(2,4-dichlorophenyl)-1,3-dioxolane-4- methyl
acetate, a racemic intermediate in the synthesis of the
antifungal agent Itraconazole in an 81.5% conversion
and 91.9% ee [30]. Production of the cis-(�)-isomer was
significantly higher than for three commercial enzymes
[30]. The enantioselectivity of other Acinetobacter lipases
described to date remains to be documented, but such
studies should yield results with significant industrial
potential.

The list of compounds amenable to lipase-catalyzed
biotransformations has continued to increase [70, 71,
82], but those with bulky substituents near the ester
carbonyl group are notably absent. Mitsuhashi et al. [60]
described such activity in a novel lipase purified from
Acinetobacter nov. sp. KM109 and compared its
hydrolytic activity against p-nitrophenyl esters and oleyl
benzoate with that of commercial lipases. They found

Fig. 2 Multiple sequence alignment of prolipases from subfamilies
I.1 and I. 2. Alignment performed as in Fig. 1. Residues that match
the consensus sequence (not shown) are boxed. Structural features
previously identified in crystallized P. aeruginosa lipase (PAL) are
labeled for comparison [61]. Symbols: * Catalytic triad residues, .
Cys residues involved in disulfide bridge formation, Ca2+ Asp
residues involved in calcium binding, ‘ H-G dipeptide of the
oxyanion loop

b
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four of ten commercial lipases also hydrolyzed p-nitro-
phenyl benzoate, but the greatest activity (Candida
cylindracea lipase) was only 24% of the KM109 lipase.
Furthermore, none of the commercial lipases hydrolyzed
oleyl benzoate to any significant degree [60]. The po-
tential of this enzyme for organic synthesis of similar
sterically hindered compounds and its enantioselectivity
remains to be explored.

Conclusions

Lipolytic strains of Acinetobacter have been isolated
from many different environments and show high
extracellular lipase activity when grown on an array of
carbon substrates, many of which are amenable to high-
yield recovery of the enzyme and downstream process-
ing. These extracellular enzymes share many biochemi-
cal properties with other bacterial lipases currently used
in such diverse applications as detergent manufacture,
organic synthesis, oleo-chemistry, cosmetics production,
and food processing. Expanded research on the bio-
technological potential of these catalysts is justified, in
light of the rapid expansion of enzyme manufacture and
the ongoing search for novel enzymes with unique cat-
alytic properties.

References

1. Abdel-El-Haleem D (2003) Acinetobacter: environmental and
biotechnological applications. Afr J Biotechnol 2:71–74

2. Alquati C, Gioia L, Santarossa G, Alberghina L, Fantucci P,
Lotti M (2002) The cold-active lipase of Pseudomonas fragi:
heterologous expression, biochemical characterization and
molecular modeling. Eur J Biochem 269:3321–3328

3. Arpigny JL, Jaeger K-E (1999) Bacterial lipolytic enzymes:
classification and properties. Biochem J 343:177–83

4. Avril JL, Mesnard R (1991) Factors influencing virulence of
Acinetobacter. In: Towner KJ, Bergogne-Bérézin E, Fewson
CA (eds) The biology of Acinetobacter. Plenum, New York, pp
77–82

5. Barbaro SE, Trevors JT, Inniss WE (1999) Effect of different
carbon sources on membrane permeability, membrane fluidity,
and fatty acid composition or a psychrotrophic Acinetobacter
sp. HH1-1 during growth at low temperatures and after cold
shock. World J Microbiol Biotechnol 15:686–692

6. Barbaro SE, Trevors JT, Inniss WE (2001) Effects of low
temperature, cold shock, and various carbon sources on ester-
ase and lipase activities and exopolysaccharide production by a
psychrotrophic Acinetobacter sp. Can J Microbiol 47:194–205

7. Bell PJ, Sunna A, Gibbs MD, Curach NC, Nevalainen H,
Bergquist PL (2002) Prospecting for novel lipase genes using
PCR. Microbiology 148:2283–2291

8. Berglund P (2001) Controlling lipase enantioselectivity for or-
ganic synthesis. Biomol Eng 18:13–22

9. Blaise CR, Armstrong JB (1973) Lipolytic bacteria in the Ot-
tawa River. Appl Microbiol 26:733–740

10. Bompensieri S, Gonzalez R, Kok R, Miranda MV, Nutgeren-
Roodzant I, Hellingwerf KJ, Cascone O, Nudel BC (1996)
Purification of a lipase from Acinetobacter calcoaceticus
AAC323-1 by hydrophobic-interaction methods. Biotechnol
Appl Biochem 23:77–81

11. Breuil C, Kushner DJ (1975) Lipase and esterase formation by
psychrophilic and mesophilic Acinetobacter species. Can
J Microbiol 21:423–433

12. Breuil C, Kushner DJ (1975) Partial purification and charac-
terization of the lipase of a facultatively psychrophilic bacte-
rium (Acinetobacter O16). Can J Microbiol 21:434–441

13. Brockerhoff H, Jensen RG (1974) Lipolytic enzymes. Aca-
demic, New York

14. Brumlik MJ, van der Goot FG, Wong KR, Buckley JT (1997)
The disulfide bond in Aeromonas hydrophila lipase/acytrans-
ferase stabilizes the structure but is not required for the secre-
tion or activity. J Bacteriol 179:3116–3121

15. Chappe P, Mourey A, Kilbertus G (1994) Variation of lipolytic
activity in the genus Acinetobacter. J Gen Appl Microbiol
40:103–113

16. Chen J, Wen C, Chen T (1999) Effect of oxygen transfer on
lipase production by Acinetobacter radioresistens. Biotechnol
Bioeng 62:311–316

17. Chen S, Cheng C, Chen T (1998) Production of an alkaline
lipase by Acinetobacter radioresistens. J Ferment Bioeng
86:308–312

18. Cousin MA (1989) Physical and biochemical effects on milk
components. In: McKellar RC (ed) Enzymes of pyschrotrophs
in raw food. CRC Press, Boca Raton, pp 122–152

19. Deeth HC, Fitz-Gerald CH (1983) Lipolytic enzymes and
hydrolytic rancidity in milk and milk products. In: Fox PF (ed)
Dairy chemistry, vol 2. Lipids. Applied Science, Barking,
pp 195–239

20. Desai JD, Banat IM (1997) Microbial production of surfactants
and their commercial potential. Microbiol Mol Biol Rev 61:47–
64

21. Dharmsthiti S, Pratuangdejkul J, Theeragool G, Luchai S
(1998) Lipase activity and gene cloning of Acinetobacter
calcoaceticus LP009. J Gen Appl Microbiol 44:139–145

22. El Khattabi M, Ockhuijsen C, Bitter W, Jaeger K-E, Tomm-
assen J (1999) Specificity of the lipase-specific foldases of gram-
negative bacteria and the role of the membrane anchor. Mol
Gen Genet 261:770–776

23. Fischer BE, Kleber HP (1987) Isolation and characterization of
the extracellular lipase of Acinetobacter calcoaceticus 69 V.
J Basic Microbiol 27:427–432

24. Forser DH, Daschner FD (1998) Acinetobacter species as nos-
ocomial pathogens. Eur J Clin Microbiol Infect Dis 17:73–77

25. Freedonia Group Report (2002) http://www.mindbranch.com,
Keyword R154-576

26. Gilbert EJ (1993) Pseudomonas lipases: biochemical properties
and molecular cloning. Enzyme Microb Technol 15:634–645

27. Gilbert EJ, Cornish A, Jones CW (1991) Purification and
properties of extracellular lipase from Pseudomonas aeruginosa
EF2. J Gen Microbiol 137:2223–2229

28. Gilbert EJ, Drozd JW, Jones CW (1991) Physiological regula-
tion and optimization of lipase activity in Pseudomonas aeru-
ginosa EF2. J Gen Microbiol 137:2215–2221

29. Grimont PD, Bouvet PM (1991) Taxonomy of Acinetobacter.
In: Towner KJ, Bergogne-Bérézin E, Fewson CA (eds) The
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